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Transient physical disruption of cell membranes by electric pulses (or electroporation) has significance in biomedical and biological applications requiring the delivery of exogenous (bio)molecules to living cells. We demonstrate that actin networks regulate the cell membrane permeability during electroporation. Disruption of
actin networks increases the uptake of membrane-impermeable molecules such as propidium iodide during
electroporation. Our experiments at different temperatures ranging from 11 °C to 37 °C show that molecular
uptake during electroporation increases with temperature. Furthermore, by examining the temperature-dependent kinetics of propidium iodide uptake, we infer that the activation energy barrier of electroporation is
lowered when the actin networks are disrupted. Our numerical calculations of transmembrane voltage show that
the reduced activation energy barrier for the cells with disrupted actin is not a consequence of the changes in
transmembrane voltage associated with changes in the cell shape due to the disruption of actin, indicating that
this could be due to changes in membrane mechanical properties. Our results suggest that the current theoretical
models of electroporation should be advanced further by including the contributions of the cytoskeletal networks
on the cell membrane permeability during the delivery of exogenous materials.

1. Introduction
Cell membranes, which are composed of a lipid bilayer with embedded proteins, act as a protective barrier that separates the intracellular components from the extracellular environment. In mammalian cells, the membrane is stabilized by the cytoskeletal network
present inside the cell, which is a network of different filamentous
biopolymers, including actin fibers and microtubules [1,2]. While the
protective function of the membrane is necessary for the survival of the
cell, deliberate permeabilization of the cell membrane to deliver exogenous materials such as small drug molecules, nucleic acids, or proteins is often required for biomedical applications [3]. One of the most
common and safest non-viral methods used to transiently increase the
cell membrane permeability is the introduction of transient transmembrane pores by subjecting the cell to a pulsed electric field [4,5].
This process is called electroporation or electropermeabilization, with
applications including DNA vaccination, electrochemotherapy, and irreversible electroporation for nonthermal ablation of solid tumors and
cardiac muscle ablation [6–12].
Exposing living cells to electric field results in the build-up of a

⁎

transmembrane voltage (Vm) [13,14], which promotes the nucleation of
electropores (or defects) in the cell membrane [15–19]. When the
electric field is removed, the membrane discharges resulting in a gradual recovery (resealing) of the cell membrane to its initial impermeable state [13]. Evidence of the existence of the electropores comes
primarily from experiments [20–23] and numerical simulations performed on simplified cell membrane systems composed of lipid bilayers
[24–26]. Theory and evidence from experiments and numerical simulations have proposed that the initiation and closure of the electropores
are temperature-dependent processes, and are governed by activation
energy barriers; the reported values of activation energy barriers of
pore creation range between 10 and 45 kBT where kB is the Boltzmann
constant, and T is the temperature [16,17,21,26–28]. While the lipid
bilayer provides an excellent experimental model for studying electroporation, observations from experiments on living cells are often inconsistent with the experiments on simplified lipid bilayer models [13].
In particular, the measured resealing time of electroporated membranes
of cells is in the order of several seconds to minutes [29,30] while the
resealing time of lipid bilayers is considerably shorter (less than 1 s)
[5,23,31]. Besides, the electroporation of giant unilamellar vesicles or
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GUVs leads to the formation of pores in the size range of micrometers in
the membrane (also called macropores) whereas pores of such dimensions are not observed in living cells [22,23,32].
Since the experiments with simplified lipid bilayer models are insufficient to explain all the observations made in living cells, groups
have begun to employ a bottom-up approach by investigating artificial
cell models with increasing complexity, including multi-component
membranes with lipid phase separation [33–35], and GUVs with incorporated cytoskeleton networks [36]. Experiments with GUVs made
of gel phase lipids with mechanical and rheological properties several
orders of magnitude higher than those of vesicles made of fluid phase
lipids show that the voltage required to form pores in the former is
several times higher than the latter [33]. When GUVs made with a
mixture of fluid and gel phase lipids were electroporated, the electropores form in the fluid phase [34]. The addition of transmembrane
proteins like α-hemolysin showed up to a four-fold increase in the
voltage required to create pores on 1,2-diphytanoyl-sn-glycero-3phosphocholine (DPhPC) membranes [35]. The addition of cholesterol
altered the minimum voltage required to form pores in the DPhPC
membrane depending on the concentration of cholesterol added; concentrations below 5% w/w displayed an increase of approximately
25%, followed by almost a 100% decrease in the voltage required for
electroporation at higher concentrations [35]. For GUVs incorporated
with actin networks, experiments suggest that upon application of an
electric pulse the resealing time of the membrane is longer compared to
pure lipids vesicles, and macropores that were observed in empty GUVs
were absent in vesicles incorporated with actin networks [36].
Similar to experiments with GUVs with encapsulated cytoskeletal
networks, experiments on living cells utilizing chemicals that destabilize the cytoskeletal proteins suggest that the cytoskeleton can address
some of the mismatches in observations from lipid vesicles and living
cells [37,38]. When Chinese Hamster Ovary (CHO) cells treated with
colchicine, a drug that induces microtubule depolymerization, were
electroporated (using ten 100 μs pulses of 1.8 kV/cm), ~10% of the
treated cells remain permeable 5 min after application of pulses compared to ~60% of the control cells which remain permeable 5 min after
delivery of the pulses [37,38]. Furthermore, the application of multiple
100 μs pulses with an amplitude between 100 V/cm and 1200 V/cm to
endothelial cells and CHO cells alters the organization of microtubules
and actin filaments [39,40]. Moreover, the application of eight 5 ms
pulses of 400 V/cm results in a 40% reduction in Young's modulus of
CHO cells, which is associated with a destabilized cytoskeleton [41].
Disruption of actin networks in Jurkat cells using latrunculin results in a
reduction of the relative proportion of liquid-ordered compared to the
liquid-disordered domains in the membrane [42], and experiments on
droplet interface bilayers [20] and molecular dynamics simulations
[43] show that the electropores form preferentially in the liquid-disordered phase of the membrane. These studies show that the actin
networks can influence the permeability of the cells during electroporation and, as a consequence, the delivery of molecules to cells [44].
Recently, experiments have suggested that the disassembly of actin
networks inside cells using cytochalasin results in reduced uptake of
tracer molecules during electroporation [45]. However, this study has
utilized multiple electric pulses, which complicates the interpretation of
results from a mechanistic perspective to address the pore formation
and closure in the cellular membrane with or without the actin networks. That is because the first pulse can increase the permeability of
the cell membrane, and the subsequent pulses can begin disrupting the
actin network due to electric currents that can flow through the permeabilized cells [36,46].
Despite several pieces of evidence pointing towards the involvement
of cytoskeletal networks in electroporation, the details of how the
presence of actin networks influences the permeability of cells during
electroporation remain unclear. In this article, we focus on the electroporative uptake of impermeable tracer molecules (propidium iodide)
to CHO cells with an intact and disrupted actin filaments when they are

exposed to a single electric pulse. We demonstrate that the CHO cells
with disrupted actin filaments become more permeable compared to
cells with intact actin filaments. By theoretically analyzing our measurements performed at different temperatures, we further demonstrate
that the increased membrane permeability in cells with disrupted actin
networks can be attributed to reduced activation barrier for pore formation. As such, our combined experimental and numerical results
indicate that the presence of actin networks increases the energy barrier
of pore formation, possibly due to changes in membrane mechanical
properties such as bending modulus.
2. Materials and methods
2.1. Cell culture for electroporation
The Chinese Hamster Ovary cells, CHO-K1 (DSMZ), were grown in
T-flasks containing culture medium consisting of Nutrient Mixture Ham
F-12 (Sigma Aldrich) supplemented with ~10% Fetal Bovine Serum
(Sigma Aldrich) and ~1% Antibiotic-Antimycotic solution (Gibco). The
cells were then incubated at 37 °C with 5% CO2 and were sub-cultured
every two days. Twenty-four hours before the electroporation experiments, 1 × 104 cells suspended in 500 μl of culture medium were
plated in one well of a four-well glass-bottom chambered coverslip (μslide, Ibidi) with a growth area per well of 2.5 cm2.
2.2. Disruption of actin networks by latrunculin B treatment
To depolymerize the actin filaments, latrunculin B, a marine toxin
which binds to a monomer of actin and depolymerizes the actin filaments was used [47,48]. 1 mg of latrunculin B (Enzo Life Sciences,
molecular weight: 395.5 g/mol) was purchased as a lyophilized solid
and was dissolved in DMSO to obtain a stock solution with a concentration of 25 mg/ml or 63 mM. The stock solution was then stored at
a temperature of −20 °C. The stock solution was diluted to a concentration of 0.5 μM in the culture medium on the day of the experiment. We use a concentration of latrunculin B which can cause severe
disruption of the actin filaments in the cells [47]. The measured cell
viability after latrunculin B treatment is ~100%. The culture medium
from the four-well chambered coverslips containing the plated cells was
then replaced with 500 μl of 0.5 μM latrunculin B solution. The
chambered coverslips were then placed in the incubator for 1 h after
which the electroporation experiments were performed.
It was observed that the cells take a spherical morphology as a result
of the disruption of the actin filaments compared to their initial flat
elongated shapes after the treatment (see Fig. 1(a)). The cells were fixed
in 500 μl of 3.7% formaldehyde solution in phosphate buffer saline
(PBS) for 5 min to visualize the actin filaments. After this, the cells were
washed thrice with 500 μl of PBS. 0.1% Triton X-100 in PBS was then
used to permeabilize the cells. The cells were again washed thrice with
500 μl of PBS. The actin filaments of the cells were then stained with
200 μl of 50 μg/ml phalloidin-FITC (Sigma-Aldrich, excitation: 495 nm/
emission: 520 nm) solution in PBS by incubating the cells with phalloidin-FITC for 40 min at room temperature (22 °C). The cells were
again washed thrice with PBS and imaged under a confocal microscope
(Zeiss LSM 710) with a 40×/1.3 oil immersion objective. Fig. 1(a)
shows that the control cell displays a network of actin stress fibers while
they were absent in the cells treated with latrunculin B.
2.3. Electroporation of CHO cells
The chambered coverslip containing the CHO cells was taken out of
the incubator, and the culture medium was removed from the chamber
approximately 10 min before the experiment. The cells were then washed three times with 500 μl of pulsing buffer (10 mM Na2HPO4/
KH2PO4, 1mM MgCl2, 250 mM sucrose, pH 7.0 − 7.4). 500 μl of propidium iodide or PI (Invitrogen) of suitable concentration diluted in the
2
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Fig. 1. (a) Representative confocal images showing the structure of the actin network inside the control cells (top) and the cells treated with 0.5 μM latrunculin B to
disrupt actin networks (bottom). The cells were fixed in formaldehyde and stained with phalloidin FITC. The images are obtained by using the same imaging settings.
(b) Representative fluorescence intensity profiles (bound propidium signal) for CHO cells with intact actin network (top row), and disrupted actin network using 0.5
μM latrunculin B (bottom row) at different times after electroporation (corresponding video file is provided as Supplementary information). No intracellular PI
fluorescence was detected before electroporation at t=0 s for both control and treated cells. A single electric pulse with an amplitude of 800 V/cm and a pulse
duration of 500 μs was applied for these uptake experiments. The experiments are performed at room temperature (22 °C). Scale bars represent 10 μm.

pulsing buffer was then added to the chambers. Unless otherwise stated,
the concentration of PI used in the experiments is 100 μM. PI (molecular weight: 668 g/mol) is a small fluorescent molecule (excitation:
535 nm/emission: 617 nm), which dissociates into propidium ion and
iodide ion when dissolved in water and is impermeable to cells with
intact membranes [49]. The ions can enter the cells through the electropermeabilized membrane and bind to the nucleic acids present inside the cell, thereby increasing their fluorescence intensity.
The chambered glass slide was then placed on a Linkham PE94
temperature-controlled stage for 10 min, which allows the cells to attain the required temperature. The temperature inside the chambered
glass side was measured using a thermocouple (type K, Ibidi). The
temperature of the stage was set to be 4 °C, 22 °C, 35 °C, or 44 °C so that
the sample attains a temperature of 11 °C, 22 °C, 28 °C, or 37 °C respectively. For the experiments which require cooling, the stage was
supplied with demineralized water at room temperature using an
aquarium pump (Eheim). The electric field was applied to the cells
using custom made stainless steel electrodes placed parallel to each
other with 3 mm spacing, which were inserted inside the imaging
chamber such that the electrodes were positioned at the bottom of the
coverslip. For this electrode geometry, we calculate the electric field
experienced by the cells as the voltage to distance ratio. The electrodes
were connected to a pulse generator (BETA tech) to deliver the electric
pulses. The imaging chamber was positioned on an inverted fluorescence microscope in such a way that cells which look morphologically
healthy were in the field of view. Unless stated otherwise, the applied
voltage drop across the electrodes was 240 V, corresponding to an
electric field of 800 V/cm. Only one pulse with a duration of 500 μs is
applied during all the experiments. This pulsing condition is expected to
result in negligible temperature increase (~0.1 K) due to Joule heating
(see Supplementary information Section S8).

(excitation: 538 nm/emission: 617 nm) was used as a light source for
fluorescence imaging of uptake of PI. Acquisition of a series of images
(14 bit) with an exposure time of 20 ms with a 52 ms interval, resulting
in a frequency of 19.15 frames per second was initiated approximately
10 s before the pulse.
3. Results
3.1. Disruption of actin networks results in increased uptake of propidium
iodide during electroporation
To measure the uptake of small molecules to the cells after electroporation, we use a membrane-impermeable molecule, PI, as a
marker molecule. Propidium ions emit a strong fluorescence signal
when they bind to nucleic acids, which are present inside the cell.
Hence, when an electric pulse is applied to the cell in the presence of PI,
an increase in fluorescence intensity is observed as a result of transport
of the propidium ions to the cell through the permeabilized cell membrane [50]. The uptake of propidium ions by cells during electroporation for an experiment where a single 500 μs pulse with an amplitude of
800 V/cm is applied at room temperature is displayed in Fig. 1(b) (the
uptake profiles at lower magnification providing a larger field of view is
presented in Supplementary information Fig. S3). The transport of
propidium ions follows two stages. During the electric pulse, the propidium ions are electrophoretically delivered to the cells from the side
facing the positive electrode. After the pulse, the propidium ions continue to diffuse through the permeabilized membrane from both sides of
the cell facing the electrodes until the membrane recovers it's selective
permeability (time scale ~10 s) [50,51]. This results in increased
fluorescence intensity at both poles of the cell as seen in Fig. 1(b).
The time-series images are analyzed to extract the increase in
fluorescence intensity inside the cell with time after the electric pulse is
applied using a customized script, coded in Matlab®. First, a region of
interest is selected by manually outlining the individual cells. The intensity of an image before electroporation is subtracted from all the
images to remove the background signal. The sum of the intensity values in the region of interest is then divided by the number of pixels
inside the region of interest for each frame to obtain the transient
fluorescence intensity profiles (ITotal). The time corresponding to 0 s is
defined as the frame in which an increase in fluorescence intensity

2.4. Fluorescence imaging and analysis of propidium iodide uptake
The fluorescence imaging experiments were performed on an inverted fluorescence microscope (Zeiss Axio-Observer Z1) coupled with
an EMCCD camera (Andor ixon3) with a resolution of 512 × 512
pixels. A 100×/1.2 oil immersion objective (Zeiss Acroplan) was used
for magnification resulting in a field of view of 81.92 × 81.92 μm2. An
HXP 120C lighting unit (Zeiss) coupled with a Texas red filter set
3
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Fig. 2. (a) Temporal evolution of the total fluorescence intensity divided by the number of pixels in the region of interest both the control cells and the treated cells at
room temperature. The total fluorescence intensity is measured as the sum of the fluorescence intensity inside a region of interest defined by the boundary of the cell.
The data points represent the average value, and the error bars represent the standard deviation from 5 to 6 cells. Only one among every fifth data point is shown for
improving visibility. (b) A representative plot showing the fluorescence intensity across the centerline (dashed white line in the inset, parallel to the electric field) of
the cells shown in the inset at the time corresponding to the resealing time of the cell membrane. The point 0 corresponds to the first point on the cell from the side of
the cathode, which emits a fluorescence intensity signal, and 1 corresponds to the last point, which emits a fluorescence intensity signal. One electric pulse of 800 V/
cm with a duration of 500 μs is applied to obtain this data. The scale bars represent 10 μm. (c) A schematic showing the difference between permeabilized region
(dashed lines) and pores (white circles) present within the permeabilized region.

inside cells is observed with respect to background noise. The transient
increase of ITotal for the control cells and the cells treated with latrunculin B at room temperature are plotted in Fig. 2(a). For brevity, we
refer to cells treated with latrunculin B either as cells with disrupted
actin or as treated cells in the rest of the article. Fig. 2(a) shows that the
ITotal is higher for the treated cells compared to the control cells. This
indicates that the treated cells take up more PI compared to the control
cells. In addition, the fluorescence intensity along the centerline of representative control and treated cell (displayed in inset of Fig. 2(b))
parallel to the direction of the electric field is plotted in Fig. 2(b). The
centerline fluorescence profiles for all the cells studied at this condition
is provided in the Supplementary information (Figs. S4 and S5). Inset
from Fig. 2(b) shows that while the uptake of PI is symmetric in the
control cells, it is asymmetric in the cells with disrupted actin. In the
cells with disrupted actin, there is almost a two-times higher fluorescence intensity that is emitted at the pole of the cell facing the positive
electrode compared to the pole facing the negative electrode. Mobility
of nucleic acids, which are responsible for fluorescence signal emitted
when PI enters the cell, is known to increase up to an order of magnitude on the disruption of actin networks inside the cell [52]. The
increased fluorescence intensity on the pole facing the anode could be
due to the easier migration of the negatively charged nucleic acids inside the treated cells towards the positive electrode when an electric
field is applied.
Transport of PI to cells is dependent on the permeabilized area of
the cell membrane and the resealing time of the membrane [50]. The
membrane becomes permeable in the regions, where the transmembrane voltage exceeds a critical value, and these regions are called
“permeabilized areas”. The increased permeability within the permeabilized area is thought to be due to the presence of pores, as shown in
Fig. 2(c). For brevity, we refer to the sum area of the pores on the

membrane as the “pore area” in the rest of the article. Consider a cell of
volume V placed in an electroporation buffer containing propidium ions
of concentration ce and exposed to an electric field. Upon exposure, the
permeability of the cell membrane increases such that the pore area is
Ap0. Once the cell membrane is permeable, the propidium ions enter the
cell and bind to the nucleic acids and form a fluorescent species with
the concentration [PIB]. If d is the thickness of the cell membrane, D is
the diffusion coefficient of propidium ions in the electroporation buffer,
and τ is the time scale of resealing of the cell membrane, the concentration of bound propidium ions can be expressed as [50,51,53]

[PIB] =

Dce Ap0
Vd

(1

exp( t / )).

(1)

Assuming that the fluorescence signal emitted by bound propidium
ions vary linearly with [PIB] as ITotal = m ⋅ [PIB], we obtain ITotal = Imax
(1 − exp ( − t/τ)), where Imax = (mDceAp0τ)/(Vd). m is the proportionality constant that relates the concentration of bound propidium
ions to the fluorescence intensity measured by the imaging system, and
Imax is the plateau of fluorescence intensity emitted by the cell after
electroporation in the presence of PI. Eq. (1) is then fitted to the temporal evolution of fluorescence intensity obtained from the image
analysis using lsqcurvefit() function in Matlab® to obtain Imax and τ as
displayed in Fig. S7 (Supplementary information). It is observed that
the Imax is ~695 ± 237 a.u. for the control cells while the treated cells
display approximately three times higher Imax of ~1945 ± 442 a.u.
The extracted resealing time τ is ~13 ± 7 s for the control cells
~8 ± 3 s for the treated cells. An additional parameter of interest is
the ratio of Imax and τ, which is given by

Imax

4

=

mDce Ap0
Vd

.

(2)
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This ratio is directly proportional to the initial pore area on the cell
membrane after the electric pulse and the diffusion coefficient of PI
through the cell membrane, which are temperature dependent quantities. Imax/τ is measured to be 67 ± 45 for the control cells and
279 ± 104 for the treated cells. Assuming that the cells have a similar
volume, this indicates that the average pore area is significantly larger
(~4 times) for cells with disrupted actin in comparison to control cells.
However, Fig. 1(b) shows that the propidium ions can enter through a
larger part of the cell membrane in the control cells compared to the
treated cells. There are three possibilities to explain the higher uptake
of PI in the treated cells despite the lower permeabilized portion of the
cell membrane: (i) the treated cells have more pores within the permeabilized area than in the control cells leading to higher pore density;
(ii) the size of the pores is larger in the treated cells than in the control
cells; (iii) or a combination of both.

times higher at 37 °C for cells with disrupted actin compared to the
control cells. At the same time, Fig. 4(b) shows that τ does not have any
noticeable dependence on the temperature of the cells.
The higher fluorescence intensity from the treated cells compared to
the control cells can be attributed to a higher pore area in the cells with
disrupted actin networks after electroporation. The nucleation theory of
electroporation describes the formation of the electropores within the
membrane. The rate of formation of electropores depends on a nucleation free energy barrier governed by the transition of an intact bilayer to a hydrophilic pore, through an unstable hydrophobic pore
configuration [16,17]. If the effective energy barrier of pore formation
within the cell membrane is E∗, the rate of formation is
n 0 = S / a0 exp( E / kB T ) where kB is the Boltzmann constant, ν is the
attempt rate frequency, S is the permeabilized area, a0 is the area per
lipid molecule and T is the temperature [16,21]. If the effective area of
a single pore is ap, and the pores form for a duration tpore, the accumulated pore area is

3.2. Temperature-dependent uptake of propidium iodide into CHO cells with
intact and disrupted actin networks

Ap0 =

One of the most accepted descriptions of the electropermeabilization of cell membranes as a response to the applied electric field is the
nucleation theory of electroporation [17]. According to this theory, the
rate of formation and closure of transmembrane pores is dependent on
the temperature of the cell membrane [17,21,26]. The temperaturedependent rate of the creation and closure of the pores are governed by
activation energy barriers [16]. Hence, the pore area and the lifetime of
permeability of the cell membrane depend on the temperature. An experiment which uses the temperature dependence of the pore area and
the lifetime of permeability hence allows us to measure the energy
barrier of pore formation [21].
To study the energetics of the electropores and its dependence on
the internal architecture of the actin networks, we perform experiments
studying the uptake of PI into CHO cells (both control cells and cells
treated by latrunculin B) at different temperatures ranging from 11 °C
to 37 °C. We make the following observations from the temperaturedependent PI uptake experiments. As seen in Fig. 3(a) and (b), control
cells and treated cells display a higher fluorescence signal at 37 °C
compared to at 11 °C, implying more transport of propidium ions at the
higher temperature. By fitting the temporal fluorescence intensity data
from control cells and treated cells, we obtain Imax and τ at different
temperatures presented in the Fig. 4(a) and (b). We found that Imax
increases systematically for the control cells while the increase is less
pronounced in the treated cells (see Fig. 4(a)). As shown in this figure,
the Imax is almost five times higher at 11 °C while approximately three

S
exp( E / kB T ) tpore a p.
a0

(3)

Combining the Eq. (2) with the Eq. (3), we arrive at,

Imax

=

mce Sap tpore
Vda 0

(Dv ) exp( E / kB T ).

(4)

Taking logarithm on both sides, we arrive at,

ln

Imax

= ln

mce Sa p tpore
Vda0

+ ln(D )

E
.
kB T

(5)

Eq. (5) provides us a way to estimate the nucleation barrier for the
pore formation within the cell membrane by the dependence of ln(Imax/
τ) versus temperature. We demonstrate that ln(Imax/τ) is significantly
higher for the cells with disrupted actin compared to the control cells at
all the temperatures in Fig. 4(c). A second observation is that ln(Imax/τ)
increases with temperature for both the control and the cells with
disrupted actin. The increase in ln(Imax/τ) with temperature is more
pronounced for the control cells compared to the treated cells. This
effect indicates that the increase in pore area in the control cells with
temperature is higher in comparison to that of the treated cells. Assuming that the duration for which electropores form is independent of
the assembly of the actin networks, we infer that the rate of pore formation is higher in the treated cells compared to the control cells. Since
the temperature dependence of the diffusion coefficient is independent
of the structure of actin networks inside the cells, we attribute the
difference in the temperature dependence of ln(Imax/τ) to the

ITotal (a.u.)

(b)

ITotal (a.u.)

(a)

Disrupted
Actin

Control

t (s)

t (s)

Fig. 3. Temperature dependence of ITotal for (a) control cells and (b) cells with disrupted actin. Data for 11°C and 37°C are shown in this figure. Only one among every
fifteenth data point of the time series is shown for better clarity of the data. The symbols represent the average value, and the error bars represent the standard
deviation over measurements from 4 to 7 cells. One electric pulse of 800 V/cm with a duration of 500 μs is applied to obtain this data.
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observation that the treated cells have a higher uptake of propidium
ions in comparison to the control cells. We obtain a rough estimate of
the energy barriers by fitting the experimental data with Eq. (5) after
assuming diffusion coefficient and attempt rate frequency to be independent of temperature as seen in Fig. 4(c). The estimate suggests an
energy barrier for pore formation of ~7 ± 2 kBT for control cells and
~2 ± 1 kBT for the treated cells. Note that the energy barriers are
estimated in the presence of an applied electric field.
In addition to the experiments with an applied electric field intensity of 800 V/cm, we also performed the same experiment at lower
applied electric fields. For the imaging settings that we use, the fluorescence intensity that we observe at an applied field intensity of 500 V/
cm is significantly lower than that at 800 V/cm. However, the fluorescence intensity is not sufficient enough to extract any reliable information through the fitting of the experimental data. Similarly, at an
applied electric field of 600 V/cm, despite post pulse diffusion being the
primary contributor to the uptake of molecules, a lower uptake is observed compared to the same experiment performed at 800 V/cm. The
extracted Imax, τ and Imax/τ for the molecular uptake experiment at
different temperatures performed at 600 V/cm are provided in the
Supplementary information (Fig. S9). Also, similar to the molecular
uptake experiments performed at 800 V/cm, cells with disrupted actin
show a higher uptake compared to control cells without a notable
change in resealing time. The dependence of ln(Imax/τ) on temperature
is also similar to that at 800 V/cm, with the control cells exhibiting a
stronger dependence of ln(Imax/τ) on temperature compared to the cells
with disrupted actin. In summary, the results at 600 V/cm are consistent with the observations at 800 V/cm.
3.3. Effect of concentration of the propidium iodide on cellular uptake
during electroporation at room temperature
We perform experiments with different concentrations of PI ranging
from 50 μM to 125 μM for the control cells and from 25 μM to 100 μM
for the treated cells at room temperature (22 °C) to study the dependence of PI uptake on the external concentration of PI. These concentrations provide sufficient fluorescence intensity inside the cell
during electroporation in comparison to the background noise and do
not exceed the saturation value for pixels in the imaging sensor. Fig. 5
shows the results of the experiments demonstrating the dependence of
the uptake of the propidium ions on the external concentration of PI, ce.
Fig. 5(a) displays that the Imax increases with concentration for control
and treated cells as expected. We also observe that the uptake of PI is
significantly higher in the treated cells in comparison to the control
cells for the range of the tested concentrations. In other words, it is
possible to deliver the same dosage of propidium ions to the treated
cells with a lower external concentration of PI compared to the control
cells.
The Eq. (2) states that Imax/τ increases linearly with the concentration of PI outside, ce. The slope of a plot between Imax/τ and ce
can be determined as

mDAp0
d Imax
=
.
dce
Vd

(6)

Eq. (6) shows that the slope of the plot between Imax/τ and ce is
directly proportional to Ap0. Hence, the dependence of uptake of PI on
the external concentration of PI allows us to determine the ratio of the
pore area between the control and the treated cells. The dependence of
Imax/τ with ce is plotted in Fig. 5(c). The plot shows that Imax/τ increases
with ce for both the control and the treated cells. It can be observed that
the slope of increase of Imax/τ with ce is lower for the control cells in
comparison to the treated cells as expected from Eq. (6). The slopes
(right hand side of Eq. (6)) are estimated by linear fitting (to Eq. (2))
using OriginPro, after fixing the y-intercept of the fit at zero. The corresponding values for the slope for control cells and cells with disrupted
actin are 1.23 ± 0.22 M−1 and 3.38 ± 0.35 M−1 respectively. From

Fig. 4. (a) Dependence of the plateau fluorescence intensity Imax on temperature. (b) Dependence of the resealing time, τ on temperature. (c) Dependence of
ln(Imax/τ) on temperature. The solid symbols represent average value, and the
error bars represent standard deviation over 4 to 7 cells. The dashed lines
correspond to the best fit of the experimental data with Eq. (5). One electric
pulse of 800 V/cm with a duration of 500 μs is applied to obtain this data.

differences in the energy barrier of pore formation in the cell membrane
for the cells. Based on the temperature dependence of ln(Imax/τ), we
infer that the energy barrier of pore formation for the treated cells is
lower than that of control cells. This hypothesis is consistent with the
6
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the ratio of the slopes, it can be inferred that the pore area is ~2.7 times
higher in cells with disrupted actin in comparison to control cells, reaffirming the inference made in the Section 3.1 that the estimated pore
area can be ~4 times higher in cells with disrupted actin compared to
control cells.
4. Discussion
Our results indicate that actin networks are involved in the electropore formation in living cells. Previous experiments have shown that
the incorporation of actin network into giant unilamellar vesicles
(GUVs) resulted in a higher molecular uptake through the lipid membrane due to the resulting longer resealing time compared to the empty
GUVs [36]. In our study, the estimated average resealing time at room
temperature of the control cells is ~ 60% longer compared to the cells
treated with latrunculin B; however, despite their shorter resealing
time, the treated cells exhibit more PI uptake. This suggests that the
total area of the membrane pores, which allow the transport of the
propidium ions, is higher in the treated cells. Since a more substantial
part of the cell membrane is electropermeabilized in the control cells
compared to the treated cells, this further suggests that a large amount
of pore area resides within a smaller permeabilized area for the treated
cells.
The electropermeabilization of the cell membrane is typically described by the formation of metastable pores on the cell membrane,
which is facilitated by the transmembrane voltage induced by the applied electric field [17]. Analytical calculations for spheroidal cells
show that the induced Vm is a function of the cell size, the shape, and
the orientation, and reaches higher absolute values in cells, which are
larger and/or elongated having their major axis aligned with the direction of the electric field [54,55]. The permeabilized area is hence
expected to be higher in the control cells, which are larger and elongated, compared to the more spherical treated cells. However, we observe higher PI uptake in the treated cells. Higher uptake thus cannot be
attributed to a larger permeabilized area or longer resealing time but a
higher number and/or size of the pores within the permeabilized region. The latter can be attributed to a higher rate of pore creation in the
treated cells, as detailed below.
According to the nucleation theory, the rate of the pore formation
depends on the number of possible pore nucleation sites, the energy
barrier of pore formation, and the temperature. Our experiments at
different temperatures between 11 °C and 37 °C indicate that the disruption of actin filament reduces the energy barrier of pore formation,
thereby increasing the rate of pore formation compared to control cells.
The energy barrier of pore formation, E∗ can be considered as a sum of
two components: (i) the energy barrier in the absence of electric field
E0, which depends on the membrane interfacial tension (Γ), and the
pore edge tension (γ); and (ii) the decrease in the energy barrier due to
induced Vm. The theoretical models of electroporation typically assume
the following relation:

E = E0

BVm2.

(7)

In the above relation, B is a proportionality constant [18,21]. As
discussed above, analytical calculations demonstrate that Vm should be
higher in the elongated cells; in our case, the control cells. This means
that the lower energy barrier for pore formation in the treated cells,
which we deduce from our analysis, is not due to the higher Vm induced
on the treated cells. We corroborate this conclusion further by performing numerical calculations (see Supplementary information for
details of the numerical calculations) of the Vm on cylindrical cells with
different sizes and orientation (Fig. 6(a)), as depicted in Fig. 6 as well as
on spheroidal cells as reported in the Supplementary information (Fig.
S13). Fig. 6(b) shows the time course of the Vm at the two poles of each
cell when the cells are exposed to a 500 μs, 800 V/cm pulse. Regardless
of the cell geometry, Vm reaches a peak value of ~ 0.8 V upon which it

Fig. 5. (a) Dependence of plateau fluorescence intensity Imax on ce. (b)
Dependence of resealing time, τ on ce. (c) Dependence of Imax/τ on ce. The solid
symbols represent the average value and the error bars represent the standard
deviation over 5 to 8 cells. The dashed lines represent best linear fit of the data
with Eq. (2) used to estimate the right hand side of Eq. (6). One electric pulse of
800 V/cm with a duration of 500 μs is applied to obtain this data. This data is
obtained at room temperature.
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Fig. 6. Calculations of the induced transmembrane voltage for the cylindrical cells having
volumes that mimic our experimental cases. The
details of the numerical calculations are provided
in the Supplementary information (see Section
S7). (a) 3D representation of the cell geometry
considered. (b) Time course of the transmembrane voltage at the anodic and the cathodic pole
of the cell(at θ=0° and θ=180°). (c) Profile of
the induced transmembrane voltage along the
cell membrane at the end of a 500 μs, 800 V/cm
pulse (identical to the experimental conditions).
θ is the angle between the point on the membrane and the electric field E (see inset).
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theoretically described as E=2πrpγ − πrp2Γ [56]. The interfacial tension promotes the expansion of the pores while the edge tension works
to close it. In the nucleation theory of electroporation, the energy
barrier E∗ is defined as the energy of the hydrophilic/hydrophobic pore
when a hydrophobic pore transitions to a hydrophilic pore, which is
theorized to happen at a pore radius of ~ 0.5 nm. The contribution of
surface tension to the free energy is negligible in comparison to that of
edge tension for pores in size range of few nanometers, which are
theorized to form during electroporation [57]. Hence, we discuss the
influence of actin networks on the edge tension below.
As long-lived micron-sized pores have to be created for measuring
edge tension, the reported values of measured edge tension were only
obtained from experiments utilizing GUVs [58–61]. Since there are
currently no visualizations of electropores in the cell membrane, a direct estimate of the edge tension is not available for the cell membranes
with intact actin networks. Considering that the essence of edge tension
is the energy required to bend the lipid bilayer at the rim of the pore,
we can make estimates of edge tension from measurements of bending
modulus (κ) of the cell membrane [27,62]. Assuming that the transmembrane pore is much larger than the membrane thickness (d=5 nm),
γ can be related to the κ as γ ~ πκ/2d; which means that the edge
tension (γ) is directly proportional to the bending modulus (κ) [27]. The
measurement of bending modulus in HeLa cells has suggested that the
bending modulus is approximately ten times higher in the presence of a
cortical actin network compared to a bleb devoid of actin networks
[63]. Similarly, experiments show that elastic modulus, a property
often related to bending modulus, is shown to be halved when actin
networks are depolymerized [64,65]. A lower bending modulus or a
lower edge tension means that the pore energy is lower for the treated
cells compared to the control cells. Hence, a lower energy barrier of
pore formation for the treated cells, which we measure, could be attributed to a reduced bending modulus of the cell membrane when the
actin networks are disrupted. As seen from Eq. (8), a lower energy
barrier of electroporation is associated with an increased number of
pores in the membrane, which is consistent with our estimate that total
area occupied by the pores in the membrane of the treated cells is
higher than the control cells. However, we cannot completely exclude
the possibility that the average size of individual pores is also higher in
the treated cells. For instance, studies on cell fusion have proposed that
actin networks restrict the growth of fusion pores and that the fusion
pores are accompanied by disassembly of the actin cortex under the

decreases and stabilizes at ~ 0.5 V. This decrease, also referred to as
“electrical membrane breakdown” is due to an increase in the membrane conductivity caused by the formation of pores in the membrane.
Since the pore creation rate is proportional to

n 0 = exp

180

(8)

almost all the pores form in the membrane around the time of electrical
breakdown when the Vm reaches its highest absolute value. Since the
highest Vm practically does not depend on cell geometry, we exclude Vm
as a possible source of the reduced energy barrier for pore formation in
cells with disrupted actin filaments. To strengthen this conclusion further, we show numerical calculations in the Supplementary material
(Fig. S12) that by applying a lower electric field of 600 V/cm, the peak
Vm is still about 0.8 V. Accordingly, we deduce similar values of the
pore creation energy from experimental measurements at 600 V/cm
(Fig. S9). Despite the similar values of pore creation energy at 600 V/
cm, we observe a lower uptake of propidium ions to the cell compared
to experiments at 800 V/cm. This can be attributed to the lower permeabilized area that is formed at lower voltages [29]. In Fig. 6, we
show calculations for cells with cylindrical shapes, keeping the cell
volume constant, which we consider as the most representative for our
experimental conditions. However, in Fig. S13 (Supplementary information), we show that similar results are obtained for spheroidal
cells with different volumes, further confirming that the time course of
Vm is not highly dependent on the cell shape and size. We obtain the
same conclusions by performing propidium uptake experiments on cells
with intact actin networks, but a roughly spherical shape (Supplementary information Section S1). We show that the propidium uptake
of CHO cells with a roughly spherical shape and intact actin networks
have similar uptake profiles as our control cells, and a much lower
uptake compared to cells treated by latrunculin (Fig. S1 and Fig. S2). In
addition, we also show that disruption of actin with lower concentration (0.25 μM) still results in higher uptake of propidium compared to
control cells, but lower compared to cells treated by latrunculin (0.5
μM), which provides clear evidence that the increased uptake that we
observe is due to the disruption of actin.
Apart from Vm, the energy barrier of pore formation is also dependent on the membrane interfacial tension (Γ), and the pore edge tension
(γ) [56,57]. The free energy difference E between a defect-free lipid
bilayer and one with a single hydrophilic pore of radius rp is
8
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pores [66], and theoretical models have suggested that cytoskeletal
networks may stabilize the membrane against pore growth [67].
5. Conclusion

[10]

The role of actin in electroporation is studied in living cells by
monitoring the uptake of propidium iodide to CHO cells. The disruption
of actin networks causes higher uptake during electroporation. The
uptake of propidium iodide to cells depend on the temperature in the
range studied (11 °C to 37 °C), and uptake of propidium iodide increases with increasing temperature. The cells with disrupted actin
networks show a weaker temperature dependence compared to the
control cells. These results are analyzed using the nucleation theory of
electroporation, and we conclude that the cells with disrupted actin
networks have a reduced energy barrier of electropore formation. To
approach towards better electroporation models, we thus suggest to
consider the contribution of actin networks in the molecular description
of electropore formation kinetics. In addition, it will be fruitful to test
the effect of actin disruption on the uptake of biologically relevant
molecules (e.g. siRNA and DNA) in the future studies [47,68].
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