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A B S T R A C T   

Electroporation is a useful tool for the manipulation with the cell membrane permeability. Underlying physi-
cochemical processes taking place at the molecular level during electroporation are relatively well studied. 
However, various processes remain unknown, one of them is lipid oxidation, a chain reaction that causes 
degradation of lipids, and might explain the long-lasting membrane permeability after the electric field has 
ceased. The aim of our study was to observe the differences in the electrical properties of planar lipid bilayers, as 
in vitro cell membrane models, due to lipid oxidation. Phospholipids were chemically oxidized and oxidation 
products were analysed using mass spectrometry. Electrical properties, resistance R (Ω) and capacitance C (F) 
were measured using an LCR meter. Using a previously developed measuring device, a linear increasing signal 
was applied to a stable bilayer in order to measure its breakdown voltage Ubr (V) and lifetime tbr (µs). We 
observed an increase in conductance and capacitance of the oxidized planar lipid bilayers when compared to 
their non-oxidized counterparts. With increasing lipid oxidation, the core of the bilayer becomes more polar, and 
consequently more permeable. Our findings can explain the long-lasting permeability of the cell membrane after 
electroporation.   

1. Introduction 

Electroporation or electropermeabilization is a widely used tech-
nique in biotechnology [1,2], medicine [3–5], and food processing [6] 
for enhancing the permeability of the cell membrane. By application of 
high-voltage electric pulses, pores are transiently formed in the cell 
membrane leading to the influx and efflux of various molecules, which 
otherwise lack the mechanism to cross the hydrophobic membrane 
barrier [7,8]. However, contrary to results from molecular dynamic 
(MD) simulations, the membrane’s permeability remains high even after 
the electric field has ceased and the pores have resealed, leading re-
searchers to stipulate that lipid oxidation might contribute to the long- 
lasting membrane permeability [9–11]. 

Lipid oxidation is a free radical chain reaction causing the degra-
dation of lipid molecules and is initiated by a radical attack on an acyl 
chain containing a weak allylic or bis-allylic C–H bond [12]. These 
double bonds in the fatty acyl chains of unsaturated phospholipids are 
prone to oxidative damage; in particular to non-specific oxidation 
caused by reactive oxygen species (ROS). The removal of the hydrogen 
from the C–H group leaves an unpaired electron on the carbon atom. 

This creates a carbon-centred lipid radical, which can be stabilized by a 
shift in double bonds to form a conjugated diene or through the reaction 
with molecular oxygen to form the lipid peroxide radical [13,14]. 
Further on, this process creates even more radicals propagating the 
damage to the nearby molecules since lipid peroxide radicals can ab-
stract hydrogen from a nearby unsaturated lipid molecule, forming a 
primary oxidation product, hydroperoxide [15]. Oxidative processes can 
result in various products with truncated lipid tails, as primary products 
decay further to generate aldehydes as well as carboxylic acids as sec-
ondary products [16–18]. 

Application of high voltage electric pulses could be a stressful event 
for the cell, leading to oxidative damage of its membrane. Several 
studies were carried out to confirm that lipid oxidation occurs during 
electropermeabilization [19], which was indeed shown in bacteria [20], 
vesicles, liposomes [21] and cells [22–25]. By application of electric 
pulses, ROS can be generated either in the extracellular medium due to 
electrochemical reactions or intracellularly due to the destabilization of 
mitochondrial membranes [25–28]. In a recent MD study it was shown 
that membrane permeability and conductance increase by several orders 
of magnitude due to lipid oxidation [11]. In the presence of oxidized 
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lipids, the thickness of the bilayer decreases, while the area per lipid 
increases [29–34], suggesting that, oxidized bilayers are considerably 
more permeable and conductive than their non-oxidized counterparts 
[11,35]. 

Secondary oxidation products were studied as well showing that, due 
to the formation of aldehydes, the conductance increase is even higher 
and corresponds to observed conductance changes in cells that were 
exposed to electric fields [9]. Furthermore, an increase in passive 
diffusion, as well as spontaneous pore formation can be observed due to 
increased concentration of oxidized lipids in bilayers. In this context, it 
was shown that a small number of oxidation products (2.5 %) can 
already cause a dramatic increase in membrane permeability [36]. It 
was also observed that membrane oxidation leads to alterations in 
membrane structure and finally to complete bilayer disintegration 
[29,37,38]. The extent of lipid oxidation is increased with the number of 
pulses, pulse duration, and pulse amplitude [22,23,26,39]. Therefore, to 
further optimize the efficiency of electroporation-based technologies 
and treatments, in addition to optimizing the electric pulse parameters, 
we also need to study the relation between the physiological state of the 
cell membrane, such as its oxidation and its susceptibility to electro-
permeabilization, to better understand the processes occurring on the 
molecular level during the application of high voltage electric pulses. 

In our study, we measured electrical properties of non-oxidized and 
chemically oxidized planar lipid bilayers to determine differences due to 
lipid oxidation. This is a challenging task, which requires characteriza-
tion of the type and amount of lipid oxidation products. The pathways of 
oxidative processes vary greatly and depend on the oxidant species, the 
type of linkage between glycerol and the acyl chain, the degree of 
unsaturation, and the oxidation conditions. If identification of the 
oxidation products is relatively simple in lipids with only one bis-allylic 
hydrogen atom, it becomes more complicated if the degree of unsatu-
ration is increased [12]. Non-oxidized and chemically oxidized lipid 
molecules with varying degree of unsaturation were analysed by matrix- 
assisted laser desorption and ionization (MALDI) time-of-flight (TOF) 
mass spectrometry (MS), which is a simple, but powerful method to 
characterize lipids and their oxidation products [40,41]. We used 
different lipid molecules since the unsaturation degree plays a major 
role in the level of lipid oxidation [21]. We used lipid molecules most 
commonly studied in MD simulations and as model systems in bio-
membrane research [9,21,37,42–44]. 

Planar lipid bilayers as in vitro cell membrane models were used to 
study lipid oxidation processes at the molecular level. This artificial lipid 
bilayer is an elementary, but still satisfactory model of the cell mem-
brane, used as an electrophysiological technique for measuring the 
properties of phospholipid molecules, in a controlled environment 
[45,46]. The composition of the lipid bilayer can be arbitrarily changed 
to mimic the composition of a true cell membrane with varying degree of 
oxidized species. With this simple cell membrane model, we were able to 
thoroughly investigate the electrical properties of lipid membranes that 
underwent oxidation processes. Electrical properties of non-oxidized or 
oxidized planar lipid bilayers, such as resistance R (Ω) and capacitance C 
(F) were measured, and membrane conductance was calculated as an 
inverse of the measured resistance. A linear increasing signal was 
applied to a stable bilayer to measure its breakdown voltage Ubr (V) and 
the lifetime tbr (µs) of the planar lipid bilayer [47,48]. Indeed, we were 
able to detect measurable differences in the electrical properties of 
planar lipid bilayers, built from either non-oxidized or oxidized lipid 
molecules. 

2. Material and methods 

2.1. Chemicals 

N-decane (ReagentPlus, ≥ 99.0 %), hexane (ACS reagent), KMnO4, 
FeCl2 and H2O2 were purchased from Sigma Aldrich (Steinheim, Ger-
many). Chloroform (Spectronorm quality) was obtained from VWR BDH 

Chemicals (Roncello, Italy), methanol (LiChrosolv), potassium chloride 
(KCl) and 2-[4-(2-hydroxyethyl)piperazin-1-yl] ethanesulfonic acid 
(HEPES) from Merck (Darmstadt, Germany). Nitrogen was from Messer 
(Gumpoldskirchen, Austria). The lipids 1-palmitoyl-2-oleoyl-glycero-3- 
phosphocholine (POPC), 1,2-dioleoyl-sn-glycero-3-phosphocholine 
(DOPC), 1-palmitoyl-2-linoleoyl-sn-glycero-3-phosphocholine (PLPC) 
and 1,2-dilinoleoyl-sn-glycero-3-phosphocholine (DLPC) were from 
Avanti Polar Lipids (Alabaster, AL, USA obtained via Instruchemie 
(Delfzyl, The Netherlands)). 2′,4′,6′-Trihydroxyacetophenone mono-
hydrate (THAP) matrix substance for MALDI-MS (≥99.5 %) was from 
Sigma Aldrich (St. Louis, MO, USA). 

2.2. Buffers and electrolytes 

KCl (0.1 M) and HEPES (0.01 M) were mixed together in a 1:1 
volumetric ratio and applied as an aqueous electrolyte in the measure-
ment chamber for planar lipid bilayer measurements. 

2.3. Lipid oxidation 

All lipids were chemically oxidized prior to bilayer formation using 
the protocol described in the literature [49]. Briefly, (i) oxidation was 
carried out with atmospheric air, where lipids in chloroform were dried 
under a N2 stream to obtain a dry thin lipid film at the bottom of the 
flask. Lipids were then left to oxidize under atmospheric air for 1 day. 
Chloroform was then added, and lipids were used for further experi-
ments. Oxidation was also initiated using either (ii) 2 M KMnO4 solution 
or a mixture of (iii) 100 mM FeCl2 and 500 mM H2O2 solution. Solutions 
of chemical oxidants were added to the dry thin lipid film at the bottom 
of the flask and incubated for 10 min at 37 ◦C using KMnO4 solution or 
for 1 h using FeCl2/H2O2 solution. Afterwards 1 ml of chloroform: 
methanol [1:1 vol ratio] was added to stop the oxidation. Vortexing and 
centrifuging were used to separate the polar and non-polar phase and to 
extract the oxidized lipids, which were dissolved in chloroform and used 
for further experiments. 

2.4. Mass spectrometry analysis 

MALDI MS analysis of non-oxidized and chemically oxidized lipids 
was carried out using an UltrafleXtreme reflectron TOF-MS (Bruker, 
Bremen, Germany) in positive ion mode at 200 Hz laser repetition rate 
and accumulating 5000 laser shots per sample. Lipids were dissolved in 
methanol and pre-mixed (1:1 (v:v)) with methanolic THAP solution (15 
mg/ml). 0.6 µl of the final solution was applied to a stainless steel 
MALDI MS target. 

2.5. Planar lipid bilayer formation 

Planar lipid bilayers were formed using a Mueller-Rudin method 
[50,51]. Briefly, the corresponding amount of lipids was dissolved in 
chloroform and dried under a N2 stream and subsequently dissolved in n- 
decan to obtain a final 20 mM lipid concentration. Experiments were 
carried out at room temperature (~21 ◦C). A Delrin measurement 
chamber from Warner Instruments (Hamden, CT, USA) with 150 µm 
diameter aperture separating the two cuvettes was used to form the 
planar lipid bilayer. The aperture was pretreated with 20 mM lipids 
dissolved in hexane. After the evaporation of hexane, each compartment 
was filled with 4 ml of KCl/HEPES electrolyte solution. For planar lipid 
bilayer formation, a small drop of lipids dissolved in n-decane was 
applied to the aperture using a glass rod. A stable planar lipid bilayer 
was formed after approximately 30 min and subsequently, capacitance 
was measured to confirm the stability of the bilayer. In accordance with 
earlier studies, each experiment was repeated to a minimum of 10 to 20 
times to confirm the trend and to avoid errors [52]. 

This bilayer formation ensures that our lipid molecules are not 
exposed to air during the formation process. However, due to deposition 
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of the lipids dissolved in organic solvent directly into the aqueous 
electrolyte, the solvent itself can play a role in the stability and thickness 
of the bilayer. 

2.6. Planar lipid bilayer resistance and capacitance measurements 

Electrical properties of planar lipid bilayers were measured using a 
system developed in the Laboratory for Biocybernetics, University of 
Ljubljana, Faculty of Electrical Engineering [48]. The system (Fig. 1) 
consists of two units that are used for (i) electrical measurements of 
intact planar lipid bilayers and (ii) to expose the planar lipid bilayer to a 
linear rising voltage signal. 

Electrical measurements on intact planar lipid bilayers were per-
formed using an LCR meter E4980A from Keysight (Santa Rosa, CA, 
USA) connected to four Ag/AgCl electrodes (In vivo metric, Healdsburg, 
CA, USA) immersed in the electrolyte solution in the Delrin measure-
ment chamber (Warner Instruments, USA). The LCR meter was set to 
measure resistance Rp and capacitance Cp in parallel. The AC voltage 
was set to 20 mV and the frequency to 2 kHz. Data points were acquired 
each quarter of a second to obtain measurements of the resistance and 
capacitance over time. 

The breakdown voltage (Ubr) and lifetime (tbr) of the planar lipid 
bilayer were determined by applying a linear rising voltage signal to a 
planar lipid bilayer [47]. The signal generator Agilent 33220A, Keysight 
(Santa Rosa, CA, USA) was used to apply a voltage ramp at 4.8 kV/s. 
Breakdown voltage was defined as the voltage at the moment tbr when a 
sudden increase of transmembrane current occurred. To detect the 
current a custom amperometer was developed. Voltage and current 
signals were measured using an oscilloscope HDO6104A-MS, Teledyne 
Lecroy (New York, NY, USA). Time of breakdown tbr was defined as the 
lifetime of the lipid bilayer at a chosen slope of the linear rising voltage 
signal. 

A manual switch enables us to differentiate between the two units of 
the system. The LCR meter, signal generator and oscilloscope were 
connected through an Ethernet connection and controlled with MATLAB 
R2019a (MathWorks, Natick, MA, USA) Toolbox using SCPI protocol. 
Measured capacitance, resistance, breakdown voltage and lifetime of 
each planar lipid bilayer were processed using MATLAB R2019a. 

The specific capacitance c (µF/cm2) of the planar lipid bilayer was 

calculated using Eq. (1). 

c = Cp/A (1) 

Where Cp is the measured capacitance and A is the area of the 
aperture (1.76e-4 cm2) used for planar lipid bilayer formation. The 
electrical conductivity σ (S/cm2) of the planar lipid bilayer was calcu-
lated using Eq. (2) and is the inverse of the measured resistance Rp.

σ = 1/(Rp*A) (2) 

Specific capacitance and conductance were normalized to the area A 
of the aperture for easier comparison with the data found in the 
literature. 

To study the effect of lipid peroxidation on the conductivity of planar 
lipid bilayers, either oxidized or non-oxidized lipids were used. 10 
measurements for each lipid species were carried out for each oxidation 
protocol. Differences in conductance σ and specific capacitance c of the 
planar lipid bilayers build from either non-oxidized or oxidized lipid 
molecules were studied. 

2.7. Statistical analysis 

Resistance and capacitance measurements (N = 10) of planar lipid 
bilayers for each oxidation procedure and each specific lipid molecule 
were combined via their mean to obtain the corresponding dataset. 
Likewise, measurements of the breakdown voltage and bilayer’s lifetime 
(N = 10) for each oxidation procedure and each specific lipid molecule 
were combined via their mean to obtain the corresponding dataset. 
Fig. 2 presents raw data. For comparison of planar lipid bilayers data-
sets, one-way analysis of variance (ANOVA) was used, followed by 
pairwise comparisons using a multiple comparison Tukey’s significant 
difference procedure. We rejected the null hypothesis of analysis if the p- 
value of the test was <0.05 (p < 0.05). All of the test were performed 
using Matlab R2019a. 

3. Results and discussion 

In our experiments, we measured electrical properties of planar lipid 
bilayers to detect differences between non-oxidized and oxidized bi-
layers due to lipid oxidation. Bilayer’s conductivity, calculated as the 

Fig. 1. (Left) A schematics representation of the system developed in the Laboratory of Biocybernetics to measure the electrical properties of planar lipid bilayers. 
(Right) System in our lab: (1) Measurement chamber, (2) Manual switch, (3) Amperometer, (4) LCR meter, (5) Signal generator, (6) Ethernet Hub, (7) Oscilloscope. 
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inverse of the measured resistance, specific capacitance, Ubr and tbr were 
measured and compared. Oxidation of lipid molecules was carried out 
using oxidizing agents with varying strength to note different degrees of 
oxidation. MS analysis was applied to detect produced oxidized species. 
Below, firstly, the detected oxidation products via MS analysis are 
described, followed by the analysis of the observed differences in the 
electrical properties of the planar lipid bilayers due to lipid oxidation. 

3.1. Mass spectrometry analysis of lipid molecules 

We chemically oxidized the lipids and determined the most common 
oxidizing products of each specific lipid molecule. The lipid molecules 
used were: (i) POPC with a single double bond on unsaturated acyl chain 
at sn-2. (ii) DOPC with two double bonds, one each per an acyl chain. 
(iii) PLPC, which has two double bonds on the unsaturated linoleic acid 
at sn-2. Lastly, (iv) DLPC with four double bonds, 2 each per an acyl 
chain. The acyl chains differ in the number and the position of double 
bonds. Since double bonds are highly reactive and play a key role in lipid 
oxidation reactions, we observed the differences occurring due to vari-
ance in double bond number and their position. 

3.1.1. Chemistry of lipid oxidation 
We used three different oxidation procedures, each one generating 

radical species with varying strength and, consequently, a different 
quantity of oxidation products. The most commonly formed oxygen 
radicals for each oxidation protocol are given below. 

The sequential reduction of molecular oxygen (Eq. (3) present in 
atmospheric air leads to formation of oxygen radicals such as the su-
peroxide anion radical (O2

− •), singlet oxygen (1O2) and, if H2O is present, 
the hydroxyl (HO•) and hydroperoxyl (HOO•) radical [53,54].  

O2 + e− → O2
− • (3) 

The superoxide radical can further be reduced to form hydrogen 
peroxide H2O2.  

O2
− • + e− + 2H+ → H2O2                                                                (4) 

Furthermore, hydrogen peroxide can further dissociate into the hy-
droxyl radical (HO•).  

H2O2 + e− → OH− + HO• (5) 

Another important ROS is the singlet oxygen, which is formed by the 
photolysis of the triplet oxygen. 

Fig. 2. An example of raw data for a single bilayer measurement. (A) Resistance and (B) capacitance were measured after a minimum of 30 min stabilization period. 
As the lipids are applied to the aperture in the measurement chamber, the resistance is high and capacitance is low, since a large quantity of lipid molecules is present 
around the aperture. As the lipids start to self-assemble into a bilayer, the resistance decreases and capacitance increases until both values reach a plateau. When the 
values of resistance and capacitance were stable, a 700 s measurement of each lipid bilayer was obtained for further analysis. (C) The breakdown voltage Ubr was 
measured as the voltage at which the increase in the current was detected. The lifetime tbr was measured as the time at which the breakdown of the bilayer occurred. 
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3O2 light
̅̅→

1O2 (6) 

Singlet oxygen can react with water vapour in the atmosphere to 
form hydroxyl radicals. Hydroxyl radicals, being highly reactive can 
then combine with another O2 molecule to form a hydroperoxyl radical 
(HOO•). 

KMnO4 is a strong oxidant that does not produce any toxic by- 
products. Oxidation via KMnO4 was carried out at 37 ◦C in neutral 
pH, which leads to the formation of radicals as Mn7+ is reduced to form 
Mn4+ (Eq. (7)). Therefore, the permanganate (VII) ion is a strong 
oxidizing agent.  

MnO4
- + 2H2O + 3e- → MnO2 + 4OH− (7) 

Lastly, oxidation via the Fenton reagents leads to the formation of 
hydroxyl and hydroperoxyl radicals. Iron Fe2+ reacts with H2O2 and is 
oxidized to Fe3+ during which a hydroxyl radical (HO•) is formed (Eq. 
(8). Fe3+ can then further react (Eq. (9) with another molecule of H2O2 
to form hydroperoxyl radical (HOO•).  

Fe2+ + H2O2 → Fe3+ + HO• + OH− (8)  

Fe3+ + H2O2 → Fe2+ + HOO• + H+ (9) 

These radicals are powerful, non-selective oxidants. Among the ROS, 
HO• is the most potent damaging radical which can react with all bio-
logical molecules, the most susceptible ones being unsaturated fatty 
acids. 

3.1.2. Produced oxidized species 
Non-oxidized lipid molecules used in this study and their most 

common oxidized counterparts that were also found on MS spectra are 
presented in Fig. 3. Cleavage of a double bond present on sn-2 acyl chain 
in POPC (Fig. 3A) produced an aldehyde (Fig. 3C) at m/z 650.4 and a 
carboxylic acid (Fig. 3D) at m/z 666.4 on the MS spectra (Fig. 4A) 
resulting from the abstraction of terminal carbon atom at C9. Adducts 
with H+, K+ and Na+ were detected. For DOPC molecules with two oleic 
acid chains (Fig. 3E), different oxidation scenarios are possible. It is 
possible to oxidize the one double bond on sn-1 or sn-2 acyl chain, which 
results in an aldehyde (Fig. 3G) found on MS spectra (Fig. 4B) at m/z 
676.4. Furthermore, with FeCl2/H2O2 oxidation, we were able to detect 
an elimination of the sn-2 acyl chain at m/z 504.3 (Fig. 3H). 

PLPC contains saturated palmitic acid at the sn-1 position and un-
saturated linoleic acid at the sn-2 position (Fig. 3I), where oxidation is 
expected to take place, so the short-chain products are formed as the 
result of linoleic acid oxidation. Two double bonds are present on the sn- 
2 chain, the first one at position C9 and the second one at position C12. It 

Fig. 3. Non-oxidized lipids used in the study and their oxidized products. (A) Native POPC molecule, (B) hydroperoxide, a primary product of POPC oxidation, (C) 
oxidation product of POPC with an aldehyde terminal group and (D) oxidation product of POPC with a terminal carboxylic group. (E) Native DOPC molecule, (F) 
hydroperoxide, a primary product of DOPC oxidation, (G) oxidation product of DOPC with an aldehyde terminal group and (H) elimination of sn-2 acyl chain. (I) 
Native PLPC molecule, (J) hydroperoxide, primary oxidation product of PLPC, (K) oxidation product of PLPC with an aldehyde at position C9 and (L) position C12. 
(M) Native DLPC molecule, (N) hydroperoxide, primary oxidation product, (O) oxidation product of DLPC with an aldehyde terminal group at C9 and (P) C12. 
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is possible to only oxidize the double bond at position C12 or to shorten 
the acyl chain even further and oxidize the double bond at position C9. 
Again mainly aldehydes were found as terminal functional groups due to 
oxidation, two different aldehydes (Fig. 3K,L) were found, one at C12 
with m/z 690.4 and one at C9 with m/z 650.4 (Fig. 5A). The same is true 
for DLPC lipid (Fig. 3M) oxidation where the shortenings can occur at 
two different positions, but this time on each acyl chain. A shorter 
aldehyde (Fig. 3O) can be detected at m/z 674.4 and the longer aldehyde 
(Fig. 3P) at m/z 714.4 (Fig. 5B). Regardless of the position of the double 
bond, oxidation of an acyl chain usually results in its cleavage and for-
mation of short-chain products of various chain lengths with terminal 
aldehyde as a functional group (–CHO). 

Furthermore, oxidizing agents also influence the formation of 
oxidation products especially the occurrence of either short or long- 
chained products. When lipids were oxidized with air, the peaks for 
oxidation products were low, and only some trace amounts of aldehydes 
were found for POPC, DOPC and PLPC lipids. In our protocols, air 
proved to be the weakest oxidizing agent. All of the lipids were dissolved 
in chloroform and handled in the presence of nitrogen, nevertheless the 
MS spectra of non-oxidized and air oxidized lipids are not significantly 

different, leading us to believe that either a trace amount of aldehydes 
was already present in our native samples, or air does not significantly 
oxidized the lipids. 

KMnO4 oxidation was indeed much stronger than air and resulted in 
many different products. For POPC lipids, aldehyde as well as carboxylic 
acid peaks were detected. The peaks for native POPC, DOPC and PLPC 
molecules are no longer detectable after KMnO4 oxidation since native 
molecules are cleaved to form the corresponding oxidation products. 
However, oxidation with KMnO4 produced large peaks even at molec-
ular weights higher than the native lipid molecule, leading us to believe 
that some of the oxygen remains bound to our lipid molecules even after 
lipid extraction. This is seen especially on POPC (Fig. 4A) and DOPC 
spectra (Fig. 4B). The insertion of oxygen atoms without breakdown of 
the lipid structure generates so-called long-chain products. FeCl2 and 
H2O2 oxidation results in cleavage of a fatty acid from the POPC and 
DOPC lipid molecule. For PLPC aldehyde was detected, while DLPC is so 
highly unsaturated that only short-chain products were present, native 
DLPC molecule was no longer detectable. Several undefined peaks can 
be found in PLPC (Fig. 5A) and DLPC spectra (Fig. 5B) since they have 
more possible oxidation scenarios, acyl chains can be cleaved at two 

Fig. 4. Mass spectra for (A) POPC, and (B) DOPC lipids. (A) and (B) group on graph include spectra for (i) non-oxidized lipids, (ii) lipids oxidized with air, (iii) 
KMnO4 and (iv) with Fenton reaction (FeCl2/H2O2). 
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different positions, and therefore more peaks can be found in the 
respective MS spectra. Nevertheless, all three oxidation protocols 
generate similar oxidation products although the yields of the individual 
compounds are obviously different. 

3.2. Electrical properties of planar lipid bilayers 

Electrical properties of planar lipid bilayers, namely conductivity, 
specific capacitance, breakdown voltage and lifetime were determined 
by measuring voltage and current across a planar lipid bilayer. Results 
show that we are able to detect differences in the electrical properties of 
non-oxidized and oxidized planar lipid bilayers. 

3.2.1. Conductivity measurements 
A much higher specific conductance of the oxidized planar lipid bi-

layers, compared to non-oxidized ones, was observed (Fig. 6) indicating 
that lipid oxidation could be the cause of increased membrane perme-
ability during and after electroporation. The conductivity of the bilayer 
measures the ability of electrical current and ions to pass the bilayer. 
With increasing lipid oxidation, the core of the bilayer will become more 
polar, due to chemical changes and consequently more permeable [55]. 

Therefore, an increase in conductivity is as expected. Increased con-
ductivity can also affect action potential generation and propagation 
[56]. What is more, transient pores can occur in the planar lipid bilayer, 
due to the presence of oxidized species and applied voltage, which could 
also lead to an increase in specific conductance [57,58]. Our measure-
ment system applies a voltage to the planar lipid bilayer, which could in 
principle lead to the formation of water fingers that protrude inside the 
hydrophobic core of the membrane; nevertheless, the bilayer would 
remain stable. It was shown before, that the presence of oxidized species 
in the bilayer lowers the activation barrier for pore formation [34]. This 
gives another possibility for interpretation of an increased specific 
conductance, not being only due to a decrease in membrane thickness or 
more hydrophilic bilayer interior, but also because of a lower membrane 
barrier potential in the presence of oxidized lipid molecules. 

Interestingly, as seen in Fig. 6, the conductivity of non-oxidized 
planar lipid bilayers was the highest for POPC lipids containing a sin-
gle double bond. This is contrary to expectations since POPC lipids 
should form the thickest bilayers and therefore have the lowest con-
ductivity. This contradiction can be attributed to the method utilized for 
bilayer formation. Using the “painting method” for bilayer formation, 
stable bilayers are readily formed with saturated lipid molecules. 

Fig. 5. Mass spectra for (A) PLPC, and (B) DLPC lipids. (A) and (B) group on graph include spectra for (i) non-oxidized lipids, (ii) lipid oxidized with air, (iii) KMnO4 
and (iv) with Fenton reaction (FeCl2/H2O2). 
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However, when lipids with a higher degree of unsaturation are 
employed, the bilayers become less stable and their formation requires a 
larger droplet of lipids to be applied to the aperture in the measurement 
chamber. Therefore, with higher degree of unsaturation, a larger lipid 
quantity is needed for bilayer formation, leading to thicker bilayers and 
possibly to formation of multilayers thus lowering the conductivity for 
highly unsaturated PLPC and DLPC lipids. The application of multiple 
droplets to the aperture, could also lead to a higher yield of the solvent 
within the membrane, consequently thickening the interface and 
decreasing the conductance. What is more, the nonlinear increase in 
measured electrical properties for PLPC and DLPC lipids can also be 
related to a larger degree of lipid unsaturation and presence of various 
oxidation products. Nevertheless, our aim was to develop a measuring 
system as a proof of concept to observe differences between non- 
oxidized and oxidized bilayers for the same lipid species, which was 
indeed successful for all lipid molecules used. 

Conductance of non-oxidized POPC bilayers was 0.92 ± 0.06 S/cm2. 
For oxidation with air, the conductance increased for 9 %, while the 
increase for KMnO4 and FeCl2/H2O2 induced oxidation was 16 % and 15 
% respectively. DOPC bilayers in their native state had a conductance of 
0.79 ± 0.04 S/cm2. Oxidation with air slightly increased the conduc-
tance of the DOPC bilayer for 4 %, while the increase was larger for 
KMnO4 oxidation with 9 % and a 19 % increase for FeCl2/H2O2 oxida-
tion. Non-oxidized PLPC bilayers have a conductance of 0.77 ± 0.05 S/ 
cm2, their conductance significantly increases with air oxidation, for 65 
%. KMnO4 induced oxidation increased the PLPC conductance for 52 % 
and FeCl2/H2O2 for 50 %. DLPC bilayers in the absence of oxidized 
species have a conductance of 0.73 ± 0.02 S/cm2. Conductance for 
oxidation with air and with KMnO4 increased for 28 % and 43 % 
respectively, while the oxidation via Fenton reagents increased the 
conductance, more than two-fold, for 134 %, leading us to believe that 
due to the presence of oxidized species, transient pores form spontane-
ously and further increase the conductivity of the bilayer. 

3.2.2. Capacitance measurements 
According to our measurements, specific capacitance increased due 

to lipid oxidation (Fig. 7), which has been reported previously and our 
results are in agreement with these findings [9]. Oxidation chemically 
changes the hydrophobic tail region of the lipid molecules, with inser-
tion of more polar functional groups, which increases the dielectric 
coefficient of the bilayer and consequently results in measureable 

increase in the lipid bilayer’s specific capacitance. 
Capacitance of the hydrophobic region is associated not only with 

the dielectric coefficient but also with the thickness of the phospholipid 
acyl chains. Oxidation leads to formation of short-chain lipid products, 
creating thinner bilayers, which results in an increased capacitance. 

Specific capacitance of non-oxidized POPC, DOPC, PLPC and DLPC 
bilayers was 0.26 ± 0.005 µF/cm2, 0.30 ± 0.01 µF/cm2, 0.25 ± 0.001 
µF/cm2 and 0.29 ± 0.008 µF/cm2 respectively. Oxidation of POPC 
bilayer with air increased the specific capacitance for 15 %, oxidation 
via KMnO4 for 19 % and with Fenton reagents for 35 %. Specific 
capacitance of DOPC bilayers increased for 1 %, 10 % and 17 % when 
lipids were oxidized with air, with KMnO4 or FeCl2/H2O2 respectively. 
Oxidation of PLPC bilayers with air increased the specific capacitance 
for 12 %, KMnO4 induced oxidation increased the capacitance for 24 %, 
and the use of Fenton reagents for 32 %. The highest capacitance in-
crease of DLPC bilayers, for 20 % was achieved with oxidation with air; 
however, the change was not significantly different between other two 
oxidation protocols. Oxidation with KMnO4 and with FeCl2/H2O2 lead 
to an increase in specific capacitance for 14 % and 19 % respectively. 

The value of measured specific capacitance in our study is low 
compared to previously published reports, which could be due to the 
incorporation of the hydrocarbon solvent n-decane into the membrane 
[59,60]. What is more, the torus of the solvent surrounding the bilayer 
could lead to deviations from the previous results as well [61]. Never-
theless, the specific capacitance of the oxidized bilayers increases as 
seen on Fig. 7, due to the formation of polar regions in previously non- 
polar environment, and the presence of short-chain oxidation products, 
which leads to an increase in the bilayer’s dielectric coefficient and 
smaller thickness of the bilayer. However, the differences in specific 
capacitance, for PLPC and DLPC lipids using the same oxidation pro-
tocols are less pronounced than conductivity changes. The fact is that 
the modifications of the bilayer structure due to the presence of oxidized 
species are complex. Oxidation induced changes in the acyl chains can 
also lead to modifications in the head group region of the lipid mole-
cules, where the area per head is increased and functional groups 
resulting from oxidation are added to the interface [62]. Furthermore, 
the occurrence of long-chain oxidation products can increase the bilayer 
thickness. These effects can all lead to smaller specific capacitance dif-
ferences between non-oxidized bilayers and their oxidized counterparts. 

Fig. 6. Specific conductance for each specific lipid bilayer using different 
oxidation protocols. An increase in membrane conductivity is observed with 
lipid oxidation. Data are expressed as means ± standard deviations (n = 10 
measurements). Black asterisks (*) show statistically significant differences (p 
< 0.05) between non-oxidized and oxidized bilayer, grey asterisks (*) show 
statistically significant differences (p < 0.05) between oxidized groups. 

Fig. 7. Specific capacitance for each specific lipid bilayer using different 
oxidation protocols. Specific capacitance increases due to lipid oxidation. Data 
are expressed as means ± standard deviations (n = 10 measurements). Black 
asterisks (*) show statistically significant differences (p < 0.05) between non- 
oxidized and oxidized bilayer, grey asterisks (*) show statistically significant 
differences (p < 0.05) between oxidized groups. 
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3.2.3. Breakdown voltage and lifetime of planar lipid bilayers 
Breakdown voltage and lifetime of planar lipid bilayer are important 

values when determining the electroporation properties of planar lipid 
bilayers. Firstly, when applying the voltage ramp, the charge build up on 
the planar lipid bilayer occurs. Above the critical voltage (Ubr), defects 
are caused in the planar lipid bilayer allowing an increase of the 
transmembrane current, afterwards the bilayers usually collapse [58]. 

The measured Ubr (Fig. 8) and tbr (Fig. 9) for different bilayers did not 
prove to be statistically significant, leading us to believe that using our 
system to obtain the breakdown voltage and lifetime measurements is 
not a sufficiently sensitive method to detect the differences between 
non-oxidized and oxidized lipid bilayers. It is interestingly also possible 
that lipid oxidation does not play a key role in stability of planar lipid 
bilayers. It was shown recently, that oxidized lipid bilayers can retain 
their integrity even under applied electric field [34]. 

We expected that the measurements of breakdown voltage and the 
lifetime of the oxidized bilayer would show that the voltage needed for 
the breakdown of the bilayer decreases with lipid oxidation, the same 
should be true for the bilayer lifetime. The only significant decrease in 
breakdown voltage and lifetime of the bilayer was obtained for DLPC 
lipids oxidized with air. DLPC lipids are highly unsaturated and there-
fore very prone to oxidation. Even though air did not prove to be a 
strongest oxidant in our experiments, the protocol does not lead to 
formation of long-chain products. MS spectra for DLPC lipids shows that 
KMnO4 oxidation leads to formation of aldehydes as well as long-chain 
products and Fenton reagents lead to no detectable peak for native DLPC 
molecule, however no known oxidation products were detected either. 
Therefore, we can only observe a decrease in stability and faster 
breakdown for DLPC bilayers oxidized with air. 

3.3. Lipid oxidation effect on electrical properties of planar lipid bilayer 

The study of oxidation effects on different lipid molecules and the 
measurement of their electrical properties proved to be a challenging 
task. The bilayer formation becomes more demanding with increasing 
degree of lipid unsaturation and even more so with the presence of 
oxidized species. Oxidized bilayers are less stable and a larger quantity 
of lipid molecules is needed for bilayer formation. Nevertheless, our 
measurement system enabled us to show, that oxidative stress, and an 
increasing number of oxidized species perturbing the planar lipid 
bilayer, leads to an increase in bilayer’s conductivity and specific 
capacitance as summarized in Table 1. 

For POPC lipids, the increase in specific conductance and capaci-
tance is significantly different between non-oxidized and oxidized bi-
layers (Figs. 6 and 7); however, there is no significant difference 
between different oxidation protocols. From the POPC MS spectra 
(Fig. 4A), we were able to observe that air did not produce many 
oxidation products, while KMnO4 oxidation resulted in high peaks for 
aldehyde and carboxylic acid products, with H+, K+ and Na+ adducts. 

Fig. 8. Breakdown voltage for specific lipid bilayer using different oxidation 
protocols. A significant decrease in Ubr was measured for DLPC lipids oxidized 
in air. Data are expressed as means ± standard deviations (n = 10 measure-
ments). Asterisks (*) show statistically significant differences (p < 0.05) be-
tween non-oxidized and oxidized bilayer. 

Fig. 9. Lifetime of planar lipid bilayer for specific lipid bilayer and different 
oxidation protocols. A significant decrease in tbr was measured for DLPC lipids 
oxidized in air. Data are expressed as means ± standard deviations (n = 10 
measurements). Asterisks (*) show statistically significant differences (p <
0.05) between non-oxidized and oxidized bilayer. 

Table 1 
Oxidation products and differences in electrical properties for each lipid mole-
cule. –CHO ending corresponds to an aldehyde, –COOH to a carboxylic acid, and 
M− C16:0, M− C18:1 to fragmentation products. For conductivity and specific 
capacitance, the mean values with standard deviation are presented. The arrows 
↑ indicate an increase in the measured electrical properties for oxidized bilayers 
compared to their non-oxidized counterparts.  

Lipid Non- 
oxidized 

Air KMnO4 FeCl2/H2O2 

POPC –CHO –CHO –CHO, –COOH, less 
native POPC, long- 
chain products 

Fragmentation: 
M− C16:0, M− C18:1 

σ (S/ 
cm2) 

0.92 ±
0.06 

↑ 1.01 ±
0.05 

↑ 1.07 ± 0.04 ↑ 1.06 ± 0.05↑ 0.35 
± 0.04 

c (µF/ 
cm2) 

0.26 ±
0.005 

↑ 0.30 ±
0.01 

↑ 0.31 ± 0.035 ↑ 0.35 ± 0.04 

DOPC –CHO –CHO –CHO, no native 
DOPC, long chain 
products 

Fragmentation: 
M− C18:1 

σ (S/ 
cm2) 

0.79 ±
0.04 

↑ 0.82 ±
0.02 

↑ 0.86 ± 0.03 ↑ 0.94 ± 0.03 

c (µF/ 
cm2) 

0.30 ±
0.01 

↑ 0.303 
± 0.005 

↑ 0.33 ± 0.01 ↑ 0.35 ± 0.008 

PLPC –CHO –CHO –CHO, –COOH, no 
native PLPC, long- 
chain products 

–CHO, –COOH, long- 
chain products 

σ (S/ 
cm2) 

0.77 ±
0.05 

↑ 1.27 ±
0.01 

↑ 1.17 ± 0.04 ↑ 1.16 ± 0.04 

c (µF/ 
cm2) 

0.25 ±
0.001 

↑ 0.28 ±
0.02 

↑ 0.31 ± 0.015 ↑ 0.33 ± 0.03 

DLPC –CHO / –CHO, long-chain 
products, less native 
DLPC 

Fragmentation, no 
native DLPC 

σ (S/ 
cm2) 

0.73 ±
0.02 

↑ 0.94 ±
0.03 

↑ 1.05 ± 0.04 ↑ 1.71 ± 0.05 

c (µF/ 
cm2) 

0.29 ±
0.008 

↑ 0.35 ±
0.035 

↑ 0.33 ± 0.025 ↑ 0.345 ± 0.03  
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Furthermore, a much smaller peak for native POPC lipid was detectable 
after KMnO4 oxidation, indicating that the majority of lipids underwent 
oxidation. Even though high peaks for oxidation products and lower 
quantity of native POPC were detected on MS spectra, oxidation via 
KMnO4 did not result in a significant rise in specific conductance and 
capacitance compared to non-oxidized bilayers. This lack of substantial 
increase can likely be attributed to the presence of long-chain products 
as oxygen atoms are incorporated into the acyl chains of the lipid mol-
ecules. This long-chain products increase the thickness of the bilayer, 
minimizing the increase in electrical properties. Oxidation via Fenton 
reagents led to a decrease in the intensity for native POPC peak and 
production of two oxidation products due to a removal of either oleic 
(m/z 478.3) or palmitic acid (m/z 504.3). However, native POPC lipids 
were still detectable after FeCl2/H2O2 oxidation, and since, bilayers 
would still preferentially form with non-oxidized native molecules, the 
increase in specific conductance and capacitance with FeCl2/H2O2 
oxidation was not as pronounced as expected. 

MS spectra of DOPC lipids (Fig. 4B) shows similar results as the one 
obtained for POPC lipids, due to the similarity in the number and po-
sition of the double bond on the oleic acid moiety. KMnO4 oxidation 
produced mainly aldehyde as an oxidation product, native DOPC was no 
longer detectable. Long-chain products due to addition of O2 molecules 
can be found on the MS spectra for KMnO4 oxidation, leading to much 
thicker bilayers and less significant differences in electrical properties 
(Figs. 6 and 7). Oxidation with FeCl2/H2O2 did result in a lower intensity 
of native DOPC peak and elimination of sn-2 acyl chain from DOPC 
molecule (m/z 504.3), therefore producing short-chain products, which 
resulted in the highest increase in specific conductance and capacitance 
for DOPC bilayers. Oxidation with air did not show statistically signifi-
cant change between non-oxidized and oxidized bilayers. 

When bilayers were built from PLPC lipids, oxidation with air caused 
a highest increase in membrane conductivity, which is surprising, since 
MS spectra (Fig. 5A) did not show many oxidation products; what is 
more, the increase in specific capacitance was not as high as conduc-
tivity increase. This led us to believe that not only the bilayer thickness 
but also the change in the dielectric coefficient due to oxidized lipid tails 
in the bilayer interior has a significant effect on the specific capacitance 
for PLPC lipids. With air oxidized PLPC lipids, two aldehydes were 
detected as well as a high peak for native PLPC lipids. Therefore, a stable 
bilayer was readily formed with lower lipid quantity, leading to a 
thinner bilayer with a fraction of integrated aldehydes. Therefore, the 
conductivity increase was high, while the small presence of oxidized 
species did cause an increase in the dielectric coefficient, and the dif-
ference in specific capacitance between non-oxidized and air oxidized 
PLPC is not as high. Oxidation with KMnO4 and FeCl2/H2O2 produced 
many oxidation products, mainly aldehydes and carboxylic acids. With 
KMnO4 oxidation, native PLPC molecule was no longer detectable. 
However, a less significant increase in PLPC conductance (Fig. 6) was 
measured for KMnO4 and FeCl2/H2O2 oxidation compared to air 
oxidation. This could be explained by a larger lipid quantity need for 
formation of a stable PLPC bilayer in the presence of KMnO4 and Fenton 
reagents, therefore increasing the thickness of the bilayer and lowering 
the conductivity for KMnO4 and FeCl2/H2O2 oxidation. On the other 
hand, the specific capacitance increase (Fig. 7) was the highest when 
FeCl2/H2O2 was used to oxidized PLPC lipids, probably due to a large 
increase in dielectric coefficient. 

For DLPC the Fenton reagents produced the highest amount of short- 
chain products, original DLPC was no longer detectable on the MS 
spectra (Fig. 5B) and consequently the highest increase in membrane 
conductance (Fig. 6), almost two-fold. The measurements of specific 
capacitance (Fig. 7) showed that there is no significant change between 
different oxidation protocols for DLPC lipids. Again, leading us to 
believe that bilayer thickness as well as dielectric coefficient affects the 
capacitance measurements. When lipids were oxidized using KMnO4 or 
FeCl2/H2O2, chemicals were introduced to the dry lipid film, therefore 
an ion or a molecule could be left over from the oxidizing chemicals to 

bind to the lipid. Particularly the KMnO4 induced oxidation leads to the 
addition of one or two O2 molecules. Addition of H2O2 may also occur. 
Consequently, not only short-chain but also long-chain products can be 
formed, leading to a much thicker bilayer with a lower specific capaci-
tance. What is more, the breakdown voltage and lifetime of planar lipid 
bilayers decreased for highly unsaturated DLPC lipids oxidized with air, 
which again suggests that the presence of oxidized lipids renders the 
bilayer less stable. Among all of the lipid molecules studied, the highest 
change in the electrical properties, especially conductivity was 
measured for DLPC lipids, due to their high unsaturation and suscepti-
bility to oxidation. 

A drawback of our bilayer formation method is the unknown 
composition of oxidized bilayers. We cannot determine the degree of 
oxidized species present in the bilayers, only the detection of oxidation 
products on MS spectra prior to bilayer formation is possible. However, 
the results show that we are indeed able to detect differences in the 
electrical properties of non-oxidized and oxidized planar lipid bilayers. 
What is more, a so-called “folding method” could be used for bilayer 
formation, where a lipid droplet is deposited on the surface of the 
aqueous solution in the measurement chamber and bilayers are formed 
by rising the levels of the solution. With this method, the solvent effect 
becomes negligible and stable bilayers are formed faster since lipid 
monolayers form on the surface of the aqueous solution, prior to the 
bilayer formation. Furthermore, a smaller quantity of lipids is needed for 
bilayer formation; therefore, our conductivity results for non-oxidized 
bilayers might not be contradictory anymore. The down side of this 
method is that lipid molecules are exposed to air during the formation 
process, however, since our results show that air is not the strongest 
oxidant; the presence of oxygen from the atmosphere could be neglected 
in future experiments. 

The results obtained can explain the long-lasting membrane perme-
ability after electroporation. Since application of high voltage electric 
pulses can lead to oxidation of lipid molecules, the conductivity of the 
membrane increases, which means that not only hydrophilic pores, but 
also lipid oxidation plays a role in non-selective transport during and 
after electroporation. Oxidized lipid molecules have to be enzymatically 
repaired or replaced in order to maintain membrane structure and 
function [63], which takes time, and that can explain how the cell 
membrane permeability can be increased even up to several minutes 
after the application of electric pulses has ceased [11]. 

4. Conclusions 

In our study, we were able to demonstrate that lipid oxidation leads 
to an overall increase in the planar lipid bilayer conductivity and spe-
cific capacitance, thus showing the possibility of increased membrane 
permeability due to lipid oxidation. This finding can also explain pro-
longed membrane permeability after the application of high-voltage 
electric pulses in the process of electropermeabilization. Once an elec-
tric field is applied, lipid membranes are under attack of ROS leading to 
lipid oxidation. Different functional groups, such as aldehydes, carbox-
ylic acid and other short-chain products can be found in the tail regions 
of oxidized lipids as shown by mass spectrometry. This may lead to 
structural and chemical changes of the lipid bilayer, which can alter the 
membrane properties. We detected increased conductivity and specific 
capacitance of oxidized lipid bilayers compared to their non-oxidized 
counterparts which most probably occurs due to formation of polar re-
gions in the previously hydrophobic interior of the bilayer. A signifi-
cantly higher change in electrical properties was observed for lipids with 
multiple double bonds, which are more prone to oxidation and result in 
a variety of different oxidation products. Measurements of breakdown 
voltage and lifetime of the planar lipid bilayer however did not show 
significant differences, leading us to believe, that the oxidized bilayers 
retain their stability even under applied electric field. 
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